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Abstract

In coastal ecosystems, the intricate interactions among grazers, microorganisms, and plants play a crucial
role in shaping plant health and ecosystem dynamics. Recent work has shown that snail grazing on live
seagrass tissue creates wounds that can facilitate fungal infection, suggesting a pathway by which
invertebrate grazers may exert top-down control over seagrass growth. However, whether density-
dependent snail grazing translates into measurable impacts on fungal infection and seagrass health under
field conditions remains untested. To address this gap, we conducted field surveys and experiments to
examine how fungal infection in Thalassia testudinum blades and seagrass health varies with different
densities of the herbivorous smooth tegula, Tegula fasciata snail in Bocas del Toro on the Caribbean
coast of Panama. Field surveys documented snail scarring on seagrass blades and that density of smooth
tegula in seagrass beds was positively associated with both scarring prevalence and increased brown
tissue (indicative of fungal infection) in seagrass blades. Our six-week experimental manipulation testing
densities of tegula snails (0, 1, 2, 4, and 6 snails per 625 sz) revealed no significant effects of snail

density on seagrass metrics including biomass, productivity, shoot density, or degree of fungal
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colonization, despite visible emergence of radulation scars on blades. The only significant treatment
effect was on total shoot number, where treatments with natural snail density (1 snail per 625 cm?)
produced more shoots than treatments with the highest snail density (6 snails per 625 cm?). Although
snail presence increased scarring on new growth blades relative to snail-free controls, tissue damage did
not translate into detectable effects on seagrass biomass, productivity, or fungal colonization. These
results suggest that 7' testudinum can effectively compensate for snail grazing over short timescales, as it
does with other grazers, such as turtles. Fungal biomass did not increase significantly with snail density or
scarring presence, indicating that the grazer-pathogen facilitation pathway documented in other marine
plant systems may not operate over short experimental timescales in turtlegrass. Together, these findings
suggest a degree of ecological co-tolerance between 7. testudinum and invertebrate grazers, though
whether this resilience holds under sustained grazing pressure or compounding environmental stressors

warrants further investigation.

Introduction

In terrestrial systems, grazers can have large and diverse effects on plant communities. Studies across
multiple habitats have demonstrated grazers’ ability to influence plant biomass and primary production
(Bruno et al. 2008; He and Silliman 2016), leaf abscission rates (Mingo and Oesterheld 2009), nutrient
content in leaves (Zieman et al. 1984), flowering rates (Brys et al. 2011), clonal propagation (Maschinski
and Whitham 1989), as well as plant diversity and succession (Huntly 1991). Mechanisms of control can
be direct, through the consumption of plant tissue, and/or through myriad indirect pathways. One
powerful indirect pathway of grazer control on plant growth is facilitation of fungal infection of live plant
tissues via grazer-induced wounding (Taylor and Bardner 1968; Silliman and Newell 2003; Daleo et al.
2009; Eigenbrode et al. 2018; Gossner et al. 2021). This grazer-pathogen-plant interaction often leads to
suppressed plant growth and can make plants more susceptible to environmental stressors such as drought

(He et al. 2013) and warming (Graham et al. 2024).

Understanding of herbivore impacts in seagrass ecosystems has undergone substantial revision over
recent decades (Nowicki et al. 2018; Valentine & Heck 2021). Early paradigms emphasized bottom-up
and epiphyte grazer control of seagrass growth, positioning small invertebrate mesograzers primarily as
mutualists that facilitate seagrass health by removing epiphytic algae and thereby reducing competition
for light and nutrients (Hughes et al. 2004; Heck & Valentine 2006; Reynolds et al. 2014; Dufty et al.
2015).
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More recently, emerging evidence from both seagrass and other marine systems suggests that the
traditional beneficial view of mesograzers may be incomplete. In seagrass ecosystems, multiple studies
now document cases where small invertebrates directly consume live seagrass tissue—including leaves,
reproductive structures, and seeds—and can facilitate secondary damage through facilitation of fungal
infection in grazer-induced wounds (Valentine & Duffy 2007; Carr & Boyer 2014; Boyd et al. 2022). For
examples, non-native amphipod outbreaks have been shown to consume eelgrass leaves, spathes, and
whole fruits at rates that could remove all seeds from a meadow within weeks (Carr & Boyer 2014), while
gastropod grazing on turtlegrass blades has been documented to create scars that may facilitate fungal

growth in live tissue (Boyd et al. 2022).

These patterns parallel well-documented grazer-pathogen facilitation in other marine foundation species.
In salt marsh systems, snail grazing on Spartina facilitates fungal colonization, and the combination of
grazing and infection substantially reduces plant production (Silliman & Newell 2003; Daleo et al. 2009;
Freitas et al. 2014). Similarly, in eelgrass (Zostera marina) meadows, grazing scars increased wasting
disease caused by Labyrinthula zosterae, with some herbivores passing live pathogen cells in feces and
thereby amplifying disease transmission (Graham et al. 2024). Across marine systems, the strength of
these grazer-pathogen-plant interactions appears highly context-dependent, driven by grazer identity
(including non-native or outbreaking species), grazer density, predator control, habitat complexity, and

environmental stressors (Alberti et al 2007; Valentine & Duffy 2007; Carr & Boyer 2014).

Despite this growing body of evidence from other marine ecosystems, direct experimental tests of
whether gastropod grazing on live seagrass tissue facilitates fungal infection and impacts seagrass health
remain rare, particularly in tropical systems. This knowledge gap is particularly important given that
historical overexploitation has dramatically reduced populations of megaherbivores and predators that
control consumers, elevating the relative importance of mesograzers in contemporary seagrass food webs
(Martinez-Crego et al. 2016). These shifts may have created novel grazing dynamics that differ

fundamentally from the evolutionary context in which these systems developed.

Given the importance of seagrass as a foundation species in the Caribbean and evidence that invertebrate
grazers can have cryptic but strong top-down control in other marine systems (Brearley and Walker 1995;
Nakaoka et al. 2002; Silliman and Newell 2003; Fredriksen et al. 2004; Shaver et al. 2020), we
investigated whether commonly occurring snails that graze live turtlegrass can facilitate fungal infection
and impact seagrass health. We conducted field surveys and a six-week manipulative experiment in Bocas

del Toro on the Caribbean coast of Panama. Surveys quantified natural patterns of snail abundance and
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seagrass scarring to identify relationships between grazers and plant damage. We then experimentally
manipulated Smooth Tegula snail density across five levels (0, 1x, 2%, 4%, and 6x natural density) to test
density-dependent effects on fungal infection, seagrass biomass, productivity, and shoot density. Our
findings suggest that T. testudinum tolerates invertebrate grazing pressure over short timescales,
highlighting the resilience of tropical seagrass to small-scale consumer impacts and the importance of

experimental scale in detecting top-down control.

Methods

Snail Density & Scarring Surveys

To determine ambient snail density, surveys were conducted in seagrass beds in Bocas del Toro on the
Caribbean coast of Panama (n=5, 9°21'03.67"N 82°15'26.35"W). At this site, surveys with 15 random
quadrats (25 x 25 cm) were surveyed during the day (12:00-16:00 h) and again at night (19:00-20:00 h)
(Boyd et al. 2022). Within each quadrat, all snails on the turtlegrass blades, at the sediment surface, and
within the top 2.5 cm of sediment in each quadrat were collected, enumerated, identified, and categorized
by taxonomic group (Boyd et al. 2022). All turtlegrass blades from each quadrat were collected and
processed in the lab to determine scarring prevalence. For processing, the total number of blades per
quadrat was counted, and for each blade within a quadrat the following variables were measured: blade
height (cm) and width (cm), number of scars, scar length (cm) and width (cm), blade greenness (%).
Blade surface area was calculated as height x width (cm?), and scar surface area was estimated as number
of scars per blade x scar length x 0.1 cm (assumed scar width, approximating the width of longitudinal
vascular bundles along which snail radulae typically graze). Scarring intensity was expressed as the
proportion of total blade area scarred (total scar area + total blade area) and analyzed at the per-blade

level.

Field Experiment

To examine the effects of tegula density on turtlegrass fungal infection, we employed a field experiment
(n=8 per treatment) and manipulated grazing Smooth Tegula densities using established snail-caging
methodologies (Silliman and Zieman 2001). There were five levels of grazing snail density (0, 1, 2, 4, and
6 snails per 625 cm?), in addition to the control and cage control plots . To generate the five levels of snail
densities, cages were stocked with the appropriate snail density, and these densities were monitored daily
and maintained throughout the experiment. Cages were 25 x 25 cm, 30 cm tall, built with PVC poles and

% inch mesh galvanized hardware cloth, to prevent snails from escaping or entering the cages (Fig. 1).
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Cages were roofless so as not to impede sunlight while the zinc coating on the cages deterred snails from
crawling on the cages. Experimental cages were deployed in a low-flow, protected bay to minimize
interactions with water flow, and cages were cleaned daily to prevent algal accumulation on the cages. To
standardize initial conditions across treatments, cages were deployed and maintained without snails for 14
days prior to the start of the experiment. During this period, all seagrass within the cages was cut down to
~2.5 cm above the sediment and allowed to regrow without grazer presence, ensuring similar baseline
conditions across all experimental units. Following this standardization period, the experiment ran for 30
days from May-July 2023, during which plots were stocked with appropriate snail densities. Turtlegrass
blades (n=4) were collected on Day 0 and Day 30 of the experiment from each plot to determine fungal
biomass (based on ergosterol concentration), as well as grazing scar size and abundance on each blade
using established methods (Silliman and Newell 2003). To examine seagrass growth rates, 3 x 3 cm
growth plots were established within each cage at the midpoint of the experiment (approximately Day
17). Within each growth plot, turtlegrass was cut to 1-2 cm above the sediment and allowed to regrow;
after 8 days, turtlegrass (n=4) was collected from each growth plot to assess growth rates (cm?-day') and
scarring prevalence. After 8 days, turtlegrass (n=4) was collected from each growth plot to assess growth
rates (cm-day ') and scarring prevalence. On Day 30 of the experiment, all turtlegrass and snails were

collected from each cage and transported to the lab for processing.

Turtlegrass and Epiphyte Samples

From each quadrat/cage, the total number of turtlegrass blades sampled during each collection was
counted and separated into groups labeled as ‘Alive’ (green) and ‘Dead’ (brown). To focus analyses on
photosynthetically active tissue, blades were designated as 'Alive' if at least 80% of blade area was green
and 'Dead' if below this threshold; dead blades were excluded from further measurement. For each alive
blade, percent green tissue was subsequently recorded as a continuous variable by visually estimating the
proportion of green relative to brown tissue. For each blade, morphological measurements included
seagrass length (cm) and seagrass width (cm) for each blade. Following those measurements, the percent
green was determined by comparing the green and brown sections as a measure of how alive the seagrass
blade was. The number of grazing scars present and the length (cm) of each scar was recorded for each
seagrass blade. The width for each scar was assumed to be 0.1cm. Finally, epiphyte biomass samples
were collected from each turtlegrass blade. The epiphyte biomass samples were predominantly composed
of algae and associated epibionts, which were gently scraped and washed off each blade. All seagrass and
epiphyte samples were stored in aluminum pouches and dried in an oven for ~48-72 hours at 70 °C to

determine dry mass (g).
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Rhizome Samples

At the end of the experiment, rhizome samples (n=5) were collected from each cage to assess how snail
density treatments affected belowground biomass and resource allocation. During the ‘Post’ sample
processing, rthizome length (cm), width (cm), and the number of alive seagrass blades attached to the
rhizome were recorded for each of the five samples. After taking the baseline seagrass and scaring
measurements (as described above), turtlegrass, epiphyte, and rhizome samples were stored in aluminum
pouches and dried in an oven to a constant mass (i.e., ~48-72 hours) at 70 °C before biomass

measurements (g) were recorded.

Fungal Samples

Four turtlegrass blades (per cage) collected at Day 0 (pre) and Day 30 (post) were used for fungal biomass
analysis. The same morphological measurements (seagrass length (cm), width (cm), scar number, and
scar length (cm)) were recorded for each turtlegrass blade. For fungal biomass analysis, two 3-cm
sections were cut from each turtlegrass blade (n=4): leaving a total of eight 3 cm sections per
cage/sample. In parallel, the same morphological measurements were recorded for each 3-cm section.
Four 3-cm sections of seagrass (one from each blade) were preserved in 20-mL vials with 15 mL of
methanol and stored at -20 °C. The corresponding four 3-cm sections were oven-dried to determine dry
mass as described above. Samples preserved in methanol were shipped on ice to Coastal Carolina
University for fungal biomass analysis based on quantifying ergosterol concentration in plant tissues.
Ergosterol is a sterol found in fungal membranes, which is widely used as a specific biomarker for
estimating fungal biomass in various environmental samples (Gulis and Bérlocher 2017). Lipids were
extracted from turtlegrass samples in methanolic KOH, partitioned in pentane, and redissolved in
methanol. Samples were prepared for high-performance liquid chromatography (HPLC) by filtering
through PTFE syringe filters into HPLC vials. HPLC was run isocratically using methanol as a mobile
phase and a C;s reverse-phase column as described by Gulis and Bérlocher (2017). Ergosterol
concentrations in turtlegrass (ng/g) were calculated based on the area of the ergosterol peak, data from

external ergosterol standards, and plant sample dry mass.

Statistical Analysis

Survey data were analyzed using two regression models with stepwise AIC-based model selection. To
model scarring prevalence, a beta-binomial regression was used to account for overdispersed binomial
data, with the response variable structured as a two-column matrix of success/failure counts (scarred vs.
unscarred blades). To model the proportion of brown tissue (calculated as 1 — percent green), beta

regression was used with a boundary-adjusted response variable. Both models initially included all
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potential ecological predictors: densities of six snail species (Smooth Tegula (Tegula fasciata), Stocky
Cerith (Cerithium litteratum), Dark Cerith (Cerithium atratum), Ivory Cerith (Cerithium eburneum),
Emerald Nerite (Smaragdia viridis), and Long-Spined Star snails (Lithopoma phoebium)), time of day
(day/night), total seagrass blade area, mean blade length, and proportion of blade area scarred (where
applicable). The final scarring model retained five predictors: Smooth Tegula density, Dark Cerith
density, Emerald Nerite density, time of day, and total seagrass area. The final brown tissue model
retained three predictors: Smooth Tegula density, mean blade length, and proportion of scarred area.
Model diagnostics for both models were assessed using simulated residuals via the DHARMa package,

which confirmed appropriate model fit.

Seagrass morphological responses were analyzed using generalized linear models (GLMs) appropriate to
each response variable's distribution. In all models, snail density treatment (five levels: 0, 1x, 2x, 4%, and
6% natural density) was included as the sole fixed factor. Proportion of the scarred area was analyzed
using beta GLM. Total seagrass biomass was analyzed using gamma GLM with log link. Live blade
counts were analyzed using negative binomial GLM due to Poisson overdispersion. Total shoot counts
were analyzed using Poisson GLM with log link. Rhizome measurements (length and biomass) were

analyzed using ANOVA.

Productivity (growth rate) was calculated as increase in blade growth area (seagrass surface area (cm?) +
8 days) averaged across blades per cage to yield per-cage mean growth rate (cm?-day'). Assumptions
were evaluated using Shapiro-Wilk tests on log-transformed values and Levene's test for homogeneity of
variance. Growth rates were analyzed using Gaussian GLM, with Kruskal-Wallis test as nonparametric
confirmation. Scarring on new growth was expressed as the per-cage ratio of total scar surface area to
total blade surface area and analyzed using a binomial GLM with denominator weights, appropriate for
proportional response data. A quasi-binomial GLM was fit to account for potential overdispersion, with

Kruskal-Wallis test as nonparametric confirmation

For fungal analyses, cages were classified as scarred or unscarred based on whether any scar area was
recorded in post-experiment samples. Fungal biomass (ergosterol) was quantified as corrected ergosterol
per g seagrass dry mass (ug/g) and compared between scarred and unscarred cages using a Wilcoxon
rank-sum test, and across snail density treatments within each scar group using Kruskal-Wallis tests. Non-
normalized corrected ergosterol per g was compared between scarred and unscarred cages using

Wilcoxon rank-sum test, and across treatments within scar groups using Kruskal-Wallis tests.
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Post-hoc pairwise comparisons for significant effects were conducted using Tukey's HSD tests. All

analyses were performed in R v4.6.

Results

FIELD SURVEY RESULTS

Snail Distribution and Scarring Patterns

Our surveys revealed an average tegula snail density of 1.69 = 1.03 (mean = SD, n=13) per 0.25m?
quadrat, with Cerith snails being more abundant (Dark Cerith: 6.54 + 7.25, n=26; Stocky Cerith: 3.69 +
4.71, n=16; Ivory Cerith: 2.06 + 2.59, n=16).

The beta-binomial regression revealed several significant predictors of seagrass blade scarring intensity
(Fig. 2). Smooth Tegula density showed a significant positive relationship with scars per blade (Estimate
=0.16 + 0.07 SE, z=2.46, p=0.014). In contrast, Dark Cerith density exhibited a significant negative
relationship with scarring intensity (Estimate = -0.03 = 0.01 SE, z=-2.77, p=0.006). The average number
of scars per blade decreased with increasing total seagrass surface area (Estimate =-0.001 £ 0.0003 SE, z
=-3.97, p<0.001). Ivory Cerith density showed a negative but non-significant trend with scarring
(Estimate =-0.07 £ 0.04 SE, z=-1.60, p=0.109).

The final beta regression model revealed three significant predictors of brown tissue percentage in
seagrass blades (Fig. 3). Brown tissue increased significantly with the proportion of scarred blade area
(Estimate = 46.72 + 6.54 SE, z=7.15, p<0.001), mean blade length (Estimate = 0.035 £ 0.010 SE, z=
3.67, p<0.001), and the density of smooth tegula (Estimate = 0.070 £ 0.029 SE, z=2.45, p=0.014).

EXPERIMENTAL RESULTS

Seagrass Morphological Responses to Grazer Manipulation

The proportion of seagrass area scarred did not differ among treatments (Fig. 4a; Beta GLM, Wald
r*(4)=1.99, p=0.738). Total seagrass biomass showed no significant treatment effects (Fig. 4b; Gamma
GLM: ¢*(4)=0.545, p=0.463). Live blade counts per cage showed no significant treatment effect (Fig. 4c;
Negative binomial GLM: ¥*(4)=3.419, p=0.491). However, the total number of post-experiment shoots
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per cage showed a significant treatment effect (Fig. 4d; Poisson GLM: y*(4)=11.108, p=0.025), with post-
hoc comparisons revealing significantly more shoots in natural density treatments compared to 6% density
treatments (Tukey's test, p=0.017). All other pairwise contrasts were not significant. Rhizome
measurements showed no significant treatment effects for either length (ANOVA: F(4,35)=0.588,
p=0.673) or biomass (F(4,35)=0.547, p=0.703).

Productivity and Growth Responses to Grazer Manipulation

Seagrass growth rates showed no significant differences between treatments (Fig. Sa; F(4,32)=0.501,
p=0.736). While snail inclusion treatments exhibited more scars on new growth blades compared to
exclusion treatments, the proportion of scarred area did not significantly differ among treatments (Fig. 5b;
binomial GLM: ¥*(4)=7.17, p=0.127, dispersion~1.11; quasi-binomial: F(4,31)=1.288, p=0.296). Zero
scarring was consistently observed in control cages (7/7) and absent scarring was frequent in low-density

treatments (>80% of cages at 1x and 2x natural density).

Fungal Infection Analysis to Grazer Manipulation

Fungal biomass showed no significant relationship with snail density or scarring. Corrected ergosterol per
g of seagrass dry mass was similar in scarred (31.8 + 3.0 ug/g SE) and unscarred cages (27.2 + 2.4 nug/g
SE), with no statistically significant difference detected (Fig. 6a; Wilcoxon rank-sum W = 142, p=0.209).
Ergosterol did not differ significantly across snail density treatments within scarred or unscarred cage

groups (Fig. 6b; Kruskal-Wallis: unscarred ¥*(4) = 6.267, p = 0.180; scarred y*(4) = 5.492, p=0.241).
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Figures

ambient nekton access o exclusion cages — mesh flush with sediment
Control Cage control 0 snails 1 snail 2 snails 4 snails 6 snails
(no snails) (1x density) (2x density) (4x density) (6x density)

AL AL

r===i
PVC pole | | %" mesh wall O T. fasciata (smooth tegula) \ T. testudinum (turtlegrass)

n = 8 cages per treatment - 625 cm? footprint - 30-day experiment

Figure 1. Experimental design. Cages (25 x 25 cm, 30 cm tall, %" galvanized mesh on PVC poles) were
deployed in Thalassia testudinum beds in Bocas del Toro, Panama. Control plots had no enclosure. Cage
controls had mesh walls with cutout openings near the sediment surface to allow free organism
movement. Exclusion cages had mesh flush with the sediment, preventing snail entry or exit. Five snail
density treatments (0, 1, 2, 4, and 6 T. fasciata per 625 cm?) were maintained for 30 days (May—July
2023).
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Figure 2. Partial effects of environmental predictors on seagrass blade scarring intensity. Model
predictions (lines) with 95% confidence intervals (shaded ribbons) from a beta-binomial generalized
linear mixed model show the relationship between average number of scars per blade and (a) smooth

tegula density, (b) dark cerith density, and (c) total surface area of seagrass blades. All predictions are
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Figure 3. Partial effects of blade characteristics and grazing on brown (senescent) tissue percentage.
Model predictions (lines) with 95% confidence intervals (shaded ribbons) from a generalized linear model
show the relationship between brown tissue percentage and (a) smooth tegula density, (b) mean blade
length, and (c) scar surface area per blade area. All predictions are shown while holding other variables at

their mean values. Points represent observed data from survey plots.
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298  Figure 4. Seagrass morphological responses to snail density treatments (n = 8 cages per treatment). (a)

299  Mean proportion of seagrass blade area scarred per cage (= SE). (b) Mean total seagrass biomass per cage
300  (g,= SE). (c) Live blade counts per cage. (d) Total shoot counts per cage. Boxes show medians and

301  interquartile ranges; points represent individual cages. No significant treatment effects were detected for



302  scarring proportion, biomass, or live blade counts; shoot counts were significantly higher at natural snail

303  density than at 6x natural density (Tukey's test, p = 0.017).
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306  Figure 5. Seagrass productivity and scarring on new growth by snail density treatment. (a) Per-cage mean
307  growth rate (cm?-day '), calculated as mean blade surface area divided by 8 days. (b) Proportion of new

308  growth blade area scarred per cage (total scar surface area + total blade surface area). Boxes show



309  medians and interquartile ranges; points represent individual cages. No significant treatment effects were

310 detected for either variable.

311

w
(@]
1

N
o
1

Ergosterol per g seagrass dry mass (pg/g)
=

H

o
1

No Scars

Scars
Scar presence (per cage)

N w B
o o o
1 1 1

Ergosterol per g seagrass dry mass (ug/g)
S

o
1

T
No Snails

312

T
Natural

Density

T T T
2x Natural 4x Natural 6x Natural
Density Density

Treatment

Density

Scar presence
per cage

313 Figure 6. Fungal biomass by scar presence and snail density treatment. Fungal biomass is expressed as

314  corrected ergosterol per g seagrass dry mass (ug/g). (a) Mean ergosterol (= SE) in cages with and without
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scarring, pooled across treatments. (b) Mean ergosterol (£ SE) by snail density treatment, shown
separately for scarred and unscarred cages. No significant effects of scar presence or snail density were

detected.

Discussion

Despite visible scarring of turtlegrass blades by smooth tegula snails, our six-week experimental
manipulation of snails in the field revealed no significant effects of snails on seagrass biomass,
productivity, rhizome growth, or fungal infection. This null result was consistent across a wide range of
snail densities (0 to 6x natural density) and multiple response variables, despite evidence from our
surveys for greater occurrence of tissue scarring and browning in association with higher densities of
tegula in natural settings. This suggests that turtlegrass health is resilient to tegula grazing impacts over

short timescales and/or are effectively compensating for snail grazing.

This disconnect between the positive relationship in our survey of tegula density, scarring and leaf
browning and our experimental results showing no effect of snails on seagrass health is well-documented
across plant systems: visible tissue loss often fails to predict fitness or performance outcomes because
plants can tolerate or even overcompensate for herbivory through morphological and physiological
adjustments (Camargo 2020; Agrawal & Maron 2022; Evans et al. 2023). Our survey data confirmed that
smooth tegula density was positively associated with scarring prevalence and increased brown tissue in
blades (p<0.001), yet when tested experimentally, snail presence had no detectable effect on seagrass
performance except for total shoot number, where natural density treatments produced more shoots than
6X density treatments (p=0.017). Seagrasses can compensate for leaf loss through multiple mechanisms
including accelerated leaf elongation, increased shoot recruitment, and mobilization of rhizome-stored
carbohydrates and nitrogen (Heck & Valentine 1995; Sanmarti et al. 2014; Rodriguez & Heck 2020).
Moreover, clonal plants commonly redistribute resources from undamaged to damaged ramets via intact
rhizome connections, supporting leaf and ramet production and increasing biomass under herbivory
(Benot et al. 2013; Wang et al. 2017). This physiological integration can buffer local tissue loss at the
genet level, allowing plants to tolerate grazing without measurable declines in whole-plant performance
(Angelini et al. 2018; Liu et al. 2020). The seagrass shoot number response we observed may reflect
either intraspecific competition among snails at high densities or density-dependent relief from
intraspecific plant competition, as documented in other clonal systems where moderate biomass removal
can reduce self-shading and stimulate compensatory growth (Valentine et al. 1997; Nolet 2004; Smith et
al. 2024).
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Alternatively, Tegula fasciata grazing may exert net neutral effects on 7. festudinum at natural densities,
where potential costs of tissue removal could be offset by indirect benefits. Grazing invertebrates can
subsidize local nutrient availability through excretion and fecal deposition, potentially stimulating
seagrass productivity and partially compensating for tissue loss. The observed reduction in shoot count at
the highest snail density (6x) relative to the 1x treatment suggests that such compensation may have
density-dependent limits, with net negative effects potentially emerging only when grazing pressure

substantially exceeds ambient levels.

Meaningful impacts of tegula grazing may also require longer temporal scales to manifest than captured
by our 30-day experiment. Our 30-day experimental duration was selected to encompass multiple
complete leaf turnover cycles in 7. testudinum, which produces new blades every 14-21 days in tropical
conditions (Zieman 1975) and recovered to pre-cut height within the two-week standardization period
preceding our experiment. However, rapid aboveground recovery may obscure the slower drawdown of
belowground rhizome carbohydrate and nitrogen reserves, which can sustain leaf production under
grazing pressure over weeks to months before compensatory capacity is exhausted (Heck & Valentine
1995; Rodriguez & Heck 2020). Seagrass compensatory responses are also season-dependent: grazing
during high-productivity seasons more readily elicits compensation than grazing in low-productivity
periods (Valentine et al. 2000; Sanmarti et al. 2014). In other marine grazing systems, significant effects
on seagrass biomass and community structure often do not emerge until experiments extend well beyond
our study duration. For example, simulated green turtle grazing experiments showed sustained
compensatory growth over 16 months in some contexts (Moran & Bjorndal 2005; Scott et al. 2018), while
multi-month dugong grazing studies documented no detectable declines in shoot density until 7 months
and required 10 months to show significant reductions (Zimmerman et al. 1996). Over short timescales,
seagrasses can maintain productivity by drawing on belowground rhizome reserves (Heck & Valentine
1995; Rodriguez & Heck 2020), but sustained grazing pressure can eventually deplete these carbohydrate
and nitrogen pools, exhausting compensatory capacity and leading to meadow decline (Deyanova et al.
2017; Gulick et al. 2020). The temporal dynamics of compensation are particularly important for tropical
seagrasses like T. festudinum, which exhibit rapid leaf turnover but may require multiple growing seasons
for cumulative grazing effects to exceed compensatory thresholds (Garthwin et al. 2024; Smulders et al.
2024). Longer-term experiments (>6 months to 2 years) conducted across gradients of environmental
stress are needed to distinguish between true short-term tolerance and delayed impacts that emerge once

compensatory reserves are exhausted.

Notably, we found no evidence that snail grazing affects fungal biomass in turtlegrass, contrasting with

well-documented grazer-pathogen facilitation in salt marsh systems where snail grazing wounds serve as
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infection sites for pathogenic fungi (Silliman & Newell 2003; Daleo et al. 2009; Freitas et al. 2014).
While scarred cages showed slightly elevated ergosterol levels compared to unscarred cages (31.8 vs 27.2
pg/g), this difference was not statistically significant (p=0.209), and no density-dependent patterns
emerged. Interestingly, in our earlier experiment (Boyd et al. 2022), simulated invertebrate scarring did
result in increased fungal biomass on turtlegrass. Despite this, grazer-pathogen facilitation has been
demonstrated in other seagrass species: laboratory experiments with eelgrass (Zostera marina) showed
that grazing scars created by isopods and snails increased wasting disease caused by Labyrinthula
zosterae, and live pathogen cells were isolated from herbivore feces (Graham et al. 2024). However, two
key factors may explain why we did not observe similar facilitation of fungus or other pathogens in our
field experiment with turtlegrass. First, species-specific blade morphology may influence vulnerability to
wound-mediated infection. Thalassia testudinum produces thick, robust blades (typically 4—-12 mm wide)
with substantial structural tissue, whereas Zostera marina has thinner, more delicate leaves (2—4 mm
wide). Grazing scars of similar absolute size may represent a proportionally smaller tissue disruption and
expose less vulnerable inner tissue in thick-bladed Thalassia compared to thin-bladed Zostera, potentially
reducing infection risk. Second, controlled laboratory conditions used in prior studies may not reflect field
dynamics, as in our study, where seagrasses have access to belowground resource reserves, more variable
environmental conditions, and potentially different microbial communities that compete with or inhibit

pathogens.

Beyond these seagrass-specific factors, broader evidence from terrestrial and marine plant systems
suggests additional mechanisms that may have prevented wound-mediated fungal infection in our
experiment. Wound characteristics strongly determine infection risk: larger, deeper wounds that expose
inner tissues and remove protective barriers (as in Boyd et al. 2022) facilitate pathogen entry, whereas
superficial scars may induce minimal local defense responses and heal rapidly (Gossner et al. 2021;
Graham et al. 2023). Tegula grazing produces relatively small, shallow scars compared to the larger
wounds created by crab burrowing or mammalian herbivores that have been shown to facilitate fungal
colonization in Spartina marshes (Freitas et al. 2014). Wound healing rates and plant defenses determine
how long wounds remain permissive to infection. Formation of suberized periderm, deposition of lignin
and phenolics, and activation of oxidative enzymes can render wounds resistant to pathogens within 23
days in some systems (Ginzberg 2008; Daleo et al. 2009; Graham et al. 2024), and rapid wound responses
in plants may close the critical infection window before pathogens establish. Environmental conditions
further modulate both pathogen activity and host wound responses: temperature affects healing rates,
moisture influences periderm formation, and pathogen pressure varies spatially and temporally (Daleo et

al. 2009). Our experiment was conducted in a relatively low-flow, protected bay during the growing
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season; conditions that may favor rapid wound healing and limit pathogen transmission compared to more

stressful environments.

Our findings suggest that turtlegrass meadows may be resilient to small-scale invertebrate grazing, even
at high densities, over short timescales, but this resilience may be compromised by environmental
degradation under combined stressors or sustained grazing pressure over larger spatial scales. Plant
tolerance to herbivory is strongly modulated by environmental conditions: temperature, drought, salinity,
and nutrient loading each modify compensatory capacity, and combined stresses commonly reduce
compensation and can shift interactions from neutral to destructive (Long & Porturas 2014; Valentine &
Heck 2021). For example, warming reduced 7Thalassia belowground biomass by ~34% and productivity
by ~74% in experimental studies, thereby reducing tolerance to grazing (Lacey 2012), while drought and
elevated salinity suppressed compensatory responses in marsh grasses and interacted additively with high
grazer densities to reduce biomass and recovery (Long & Porturas 2014; Smith et al. 2024).
Eutrophication can increase epiphyte loads and shift competitive balance toward fast-growing
opportunists, but grazing can also mitigate some eutrophication effects by removing epiphytes and
stimulating nutrient export (Hughes et al. 2004; Christianen et al. 2012). Predator loss represents another
critical context modifier: predator removal often increases herbivore density or alters herbivore
community composition, increasing top-down pressure and shifting systems from compensatory to
degradative states, with effects that can match or exceed eutrophication impacts (Silliman & Bertness
2002; Moksnes et al. 2008; Jaschinski & Sommer 2008). Future work should also examine whether
predator control of tegula populations influences grazing pressure, whether grazing effects interact
synergistically with warming, eutrophication, or disease outbreaks, and whether spatial refugia (areas
with favorable light, temperature, or salinity) can maintain compensatory capacity and serve as restoration

targets (Burnell et al. 2013; Smulders et al. 2024).

Conclusion

The six-week experimental manipulations of smooth tegula snail density revealed no significant effects
on turtlegrass biomass, productivity, or fungal infection, despite visible scarring of seagrass blades. These
results suggest either that 7. testudinum possesses effective compensatory mechanisms that maintain
growth under grazing pressure, or that impacts require longer timescales to manifest, as documented in
other marine herbivore systems where effects emerge only after multiple growing seasons. Future studies
conducted over extended periods (>6 months to 2 years) could distinguish between these alternatives and
clarify whether cumulative grazing pressure eventually exceeds compensatory capacity. Furthermore, the

sensitivity of grazing effects to environmental conditions in other seagrass and vegetated ecosystems
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suggests that habitat degradation could compromise the resilience of seagrass to grazing detected in our
study, reinforcing the need to maintain healthy and intact ecosystems. Our findings demonstrate that 7.
testudinum can maintain biomass, productivity, and tissue integrity under invertebrate grazing pressure at
ecologically relevant densities, suggesting that tropical seagrass meadows may possess greater inherent
resilience to small-scale consumer impacts than previously recognized, a capacity that may become

increasingly important as anthropogenic stressors continue to reshape coastal ecosystems.

Statements and Declarations

Funding

This work was supported by the National Geographic Society, the Smithsonian Tropical
Research Institute, Duke University Bass Connections Graduate Student Research Award, Duke
University Office of Global Affairs, Garden Club of America Fellowship in Ecological
Restoration, Padi Foundation, and Sigma Xi with Duke Graduate School Matching funds.

Competing Interests

The authors have no relevant financial or non-financial interests to disclose.

Author Contributions

A.D.B. conceived and designed the study, conducted fieldwork, led data collection and analysis,
and wrote the manuscript. B.R.S. contributed to experimental design and provided overall project
oversight. M.T. and C.S. provided logistical support, site selection, and oversight at the
Smithsonian Tropical Research Institute in Panama. V.G. conducted fungal biomass analysis via
ergosterol quantification. A.H.A. contributed to experimental design, manuscript feedback, and
STRI coordination. A.J.M. and L.LR.Y. provided field support throughout the experiment,
including sample processing and data collection; I.R.Y. also contributed to drafting portions of
the Methods section. D.P. and J.P.M. contributed to data analysis and manuscript preparation.

All authors read and approved the final manuscript.



469

470
471

472

473
474

475

476
477
478
479
480
481
482
483
484
485
486
487
488
489
490
491
492
493
494
495
496
497

Data Availability

The datasets generated and analyzed during this study are available from the corresponding

author on reasonable request.

Ethics Approval

No ethics approval was required as experimental work was conducted with unregulated

invertebrate species (Tegula fasciata) in the field.

References

Agrawal, A., & Maron, J. L. (2022). Long-term impacts of insect herbivores on plant populations and
communities. J Ecol 110(12), 2800-2811. https://doi.org/10.1111/1365-2745.13996

Alberti, J., Escapa, M., Daleo, P., Iribarne, O., Silliman, B. R., & Bertness, M. (2007). Local and
geographic variation in grazing intensity by herbivorous crabs in SW Atlantic salt marshes. Mar Ecol

Prog Ser 349, 235-243. https://doi.org/10.3354/meps349235

Angelini, C., van Montfrans, S. G., Hensel, M. J. S., He, Q., Silliman, B. R. (2018) The importance of an
underestimated grazer under climate change: how crab density, consumer competition, and physical stress

affect salt marsh resilience. Oecologia 187:205-217. https://doi.org/10.1007/s00442-018-4112-8

Benot, M.-L., Mony, C., Penet, L., & Bonis, A. (2013). Are clonal traits and their response to defoliation
good predictors of grazing resistance. Botany 91(2), 62—68. https://doi.org/10.1139/CJB-2012-0100

Boyd, A. D., Walker, N. S., Valdez, S. R., Zhang, Y. S., Altieri, A. H., Gulis, V., Crain, C. M., &
Silliman, B. R. (2022). Invertebrate Grazing on Live Turtlegrass (Thalassia testudinum): A Common
Interaction That May Facilitate Fungal Growth. Front Mar Sci 8.
https://doi.org/10.3389/fmars.2021.789380

Brearley, A., & Walker, D. 1. (1995). Isopod miners in the leaves of two Western Australian Posidonia
species. Aquat Bot 52(3), 163-181. https://doi.org/10.1016/0304-3770(95)00498-X



498
499
500
501
502
503
504
505
506
507
508
509
510
511
512
513
514
515
516
517
518
519
520
521
522
523
524
525
526
527
528
529
530
531

Bruno, J. F., Boyer, K. E., Duffy, J. E., & Lee, S. C. (2008). Relative and interactive effects of plant and
grazer richness in a benthic marine community. Ecology 89(9), 2518-2528. https://doi.org/10.1890/07-
1345.1

Brys, R., Shefferson, R. P., & Jacquemyn, H. (2011). Impact of herbivory on flowering behaviour and life
history trade-offs in a polycarpic herb: a 10-year experiment. Oecologia 166(2), 293-303.
https://doi.org/10.1007/s00442-010-1862-0

Burnell, O. W., Russell, B. D., Irving, A. D., Connell, S. D. (2013) Eutrophication offsets increased sea
urchin grazing on seagrass caused by ocean warming and acidification. Mar Ecol Prog Ser 485:37—46.

https://doi.org/10.3354/meps10323

Camargo, [. D. (2020). Toward a Unifying Quest for an Understanding of Tolerance Mechanisms to
Herbivore Damage and Its Eco-Evolutionary Dynamics. 63—86. https://doi.org/10.1007/978-3-030-46012-
94

Carr, L. A., & Boyer, K. E. (2014). Variation at multiple trophic levels mediates a novel seagrass-grazer

interaction. Mar Ecol Prog Ser 508, 117-128. https://doi.org/10.3354/MEPS10855

Christianen, M. J. A., Govers, L. L., Bouma, T. J., Kiswara, W., Roelofs, J. G. M., Lamers, L. P. M., van
Katwijk, M. M. (2012) Marine megaherbivore grazing may increase seagrass tolerance to high nutrient

loads. J Ecol 100:546—560. https://doi.org/10.1111/j.1365-2745.2011.01900.x

Daleo, P., Silliman, B. R., Alberti, J., Escapa, M., Canepuccia, A. D., Pefia, N., & Iribarne, O. (2009).
Grazer facilitation of fungal infection and the control of plant growth in south-western Atlantic salt

marshes. J Ecol 97(4), 781-787. https://doi.org/10.1111/J.1365-2745.2009.01508.X

Deyanova, D., Gullstrom, M., Lyimo, L. D., Dahl, M., Hamisi, M., Mtolera, M. S. P., & Bjork, M.
(2017). Contribution of seagrass plants to CO2 capture in a tropical seagrass meadow under experimental

disturbance. PLoS ONE, 12(7). https://doi.org/10.1371/JOURNAL.PONE.0181386

Dufty, J. E., Reynolds, P. L., Bostrom, C., Coyer, J. A., Cusson, M., Donadi, S., Douglass, J. G., EkI6f, J.
S., Engelen, A. H., Eriksson, B. K., Fredriksen, S., Gamfeldt, L., Gustafsson, C., Hoarfrost, G., Hooper,
L., Lefcheck, J. S., Moksnes, P.-O., Nystrom, M., Norderhaug, K. M., ... Stachowicz, J. J. (2015).



532
533
534
535
536
537
538
539
540
541
542
543
544
545
546
547
548
549
550
551
552
553
554
555
556
557
558
559
560
561
562
563
564
565

Biodiversity mediates top-down control in eelgrass ecosystems: a global comparative-experimental

approach. Ecol Lett 18(7), 696—705. https://doi.org/10.1111/ele.12448

Eigenbrode, S. D., Bosque-Pérez, N. A., & Davis, T. S. (2018). Insect-borne plant pathogens and their
vectors: ecology, evolution, and complex interactions. Annu Rev Entomol 63(1), 169-191.

https://doi.org/10.1146/annurev-ento-020117-043119

Evans, J. P., Meckstroth, S., & Garai, J. M. (2023). The amelioration of grazing through physiological
integration by a clonal dune plant. Plants 12(4), 724. https://doi.org/10.3390/plants 12040724

Fredriksen, S., Christie, H., & Bostrém, C. (2004). Deterioration of eelgrass (Zostera marina L.) through
destructive grazing by the gastropod Rissoa membranacea (J. Adams). Sarsia 89(3), 218-222.
https://doi.org/10.1080/00364820410005197

Freitas, R. F., Schrack, E. C., Sieg, R. D., Silliman, B. R., & Costa, C. S. B. (2014). Grazing Scar
Characteristics Impact Degree of Fungal Facilitation in Spartina alterniflora Leaves in a South American

Salt Marsh. Braz Arch Biol Technol 58(1), 103—108. https://doi.org/10.1590/S1516-8913201400030

Garthwin, R. G., Poore, A. G. B., Ferretto, G., Wright, J. T., & Vergés, A. (2024). Seagrass Tolerance to
Simulated Herbivory Along a Latitudinal Gradient: Predicting the Potential Effects of Tropicalisation.
Ecol Evol 14(11). https://doi.org/10.1002/ece3.70561

Ginzberg, 1. (2008). Wound-Periderm Formation. 131-146. https://doi.org/10.1007/978-1-4020-8182-8 6
Gossner, M. M., Gossner, M. M., Beenken, L., Arend, K. L., Begerow, D., & Persoh, D. (2021). Insect
herbivory facilitates the establishment of an invasive plant pathogen. ISME Commun 1(1), 1-8.

https://doi.org/10.1038/S43705-021-00004-4

Graham, O., Aoki, L. R., Burge, C. A., & Harvell, C. D. (2023). Marine herbivores facilitate transmission
of a seagrass pathogen. https://doi.org/10.22541/au.169444312.22393455/v1

Graham, O., Aoki, L. R., Burge, C. A., & Harvell, C. D. (2024). Invertebrate herbivores influence
seagrass wasting disease dynamics. Ecology 106:¢4493. https://doi.org/10.1002/ecy.4493



566
567
568
569
570
571
572
573
574
575
576
577
578
579
580
581
582
583
584
585
586
587
588
589
590
591
592
593
594
595
596
597
598
599

Gulick, A. G., Johnson, R. A., Pollock, C. G., Hillis-Starr, Z., Bolten, A. B., & Bjorndal, K. A. (2020).
Recovery of a large herbivore changes regulation of seagrass productivity in a naturally grazed Caribbean

ecosystem. Ecology 101(12). https://doi.org/10.1002/ECY.3180

Gulis, V., & Bérlocher, F. (2017). Fungi: biomass, production, and community structure. In: Hauer FR,
Lamberti GA (eds) Methods in stream ecology, vol 1: ecosystem structure, 3rd edn. Elsevier, Amsterdam,

pp 177-192

He, Q., Bertness, M. D., & Altieri, A. H. (2013). Global shifts towards positive species interactions with
increasing environmental stress. Ecol Lett 16(5), 695-706. https://doi.org/10.1111/ele.12080

He, Q., & Silliman, B. R. (2016). Consumer control as a common driver of coastal vegetation worldwide.

Ecol Monogr 86(3), 278-294. https://doi.org/10.1002/ecm.1221

Heck, K. L., & Valentine, J. F. (1995). Sea urchin herbivory: evidence for long-lasting effects in
subtropical seagrass meadows. J Exp Mar Biol Ecol https://doi.org/10.1016/0022-0981(95)00012-G

Heck, K. L., & Valentine, J. F. (2006). Plant-herbivore interactions in seagrass meadows. J Exp Mar Biol
Ecol https://doi.org/10.1016/J.JEMBE.2005.12.044

Hughes, A. R., Bando, K. J., Rodriguez, L. F., Williams, S. L. (2004) Relative effects of grazers and
nutrients on seagrasses: a meta-analysis approach. Mar Ecol Prog Ser 282:87-99.

https://doi.org/10.3354/meps282087

Huntly, N. (1991). Herbivores and the dynamics of communities and ecosystems. Annu Rev Ecol Syst

477-503. https://doi.org/10.1146/annurev.es.22.110191.002401

Jaschinski, S., & Sommer, U. (2008). Functional diversity of mesograzers in an eelgrass—epiphyte system.

Mar Biol 154(3), 475-482. https://doi.org/10.1007/S00227-008-0942-Y

Lacey, E. A. (2012). Herbivore and nutrient impact on primary producer assemblages in a tropical marine
environment. [Doctoral dissertation, Florida International University].

https://doi.org/10.25148/ETD.F112080701



600
601
602
603
604
605
606
607
608
609
610
611
612
613
614
615
616
617
618
619
620
621
622
623
624
625
626
627
628
629
630
631
632
633

Liu, J., Chen, C., Pan, Y., Zhang, Y., & Gao, Y. (2020). The intensity of simulated grazing modifies costs
and benefits of physiological integration in a rhizomatous clonal plant. Int J Environ Res Public Health

17(8), 2724. https://doi.org/10.3390/1IJERPH17082724

Long, J. D., & Porturas, L. D. (2014). Herbivore impacts on marsh production depend upon a
compensatory continuum mediated by salinity stress. PLoS ONE 9(10).
https://doi.org/10.1371/JOURNAL.PONE.0110419

Martinez-Crego, B., Arteaga, P., Tomas, F., & Santos, R. (2016). The role of seagrass traits in mediating
Zostera noltei vulnerability to mesograzers. PLoS ONE 11(6), e0156848.
https://doi.org/10.1371/journal.pone.0156848

Maschinski, J., & Whitham, T. G. (1989). The continuum of plant responses to herbivory: the influence of
plant association, nutrient availability, and timing. Am Nat 134(1), 1-19. https://doi.org/10.1086/284962

Mingo, A., & Oesterheld, M. (2009). Retention of dead leaves by grasses as a defense against herbivores.
A test on the palatable grass Paspalum dilatatum. Oikos 118(5), 753-757. https://doi.org/10.1111/j.1600-
0706.2009.17542.x

Moksnes, P-O, Gullstrom, M., Tryman, K., Baden, S. P. (2008) Trophic cascades in a temperate seagrass
community. Oikos 117:763-777. https://doi.org/10.1111/j.0030-1299.2008.16521.x

Moran, K.L. and Bjorndal, K.A. 2005. Simulated green turtle grazing affects structure and productivity of
seagrass pastures. Mar Ecol Prog Ser 305:235-247. https://doi.org/10.3354/meps305235

Nakaoka, M., Mukai, H., & Chunhabundit, S. (2002). Impacts of dugong foraging on benthic animal
communities in a Thailand seagrass bed. Ecol Res 17(6), 625-638. https://doi.org/10.1046/j.1440-
1703.2002.00520.x

Nolet, B. A. (2004). Overcompensation and grazing optimisation in a swan—pondweed system? Freshw

Biol 49(11), 1391-1399. https://doi.org/10.1111/J.1365-2427.2004.01275.X

Nowicki, R. J., Nowicki, R. J., Fourqurean, J. W., & Heithaus, M. R. (2018). The role of consumers in

structuring seagrass communities: direct and indirect mechanisms. In: Larkum AWD, Kendrick GA,



634
635
636
637
638
639
640
641
642
643
644
645
646
647
648
649
650
651
652
653
654
655
656
657
658
659
660
661
662
663
664
665

Ralph PJ (eds) Seagrasses of Australia. Springer, Cham, pp 491-540. https://doi.org/10.1007/978-3-319-
71354-0 16

Reynolds, P. L., Richardson, J. P., & Duffy, J. E. (2014). Field experimental evidence that grazers
mediate transition between microalgal and seagrass dominance. Limnol Oceanogr 59(3), 1053-1064.

https://doi.org/10.4319/10.2014.59.3.1053

Rodriguez, A. R., & Heck, K. L. (2020). Green turtle herbivory and its effects on the warm, temperate
seagrass meadows of St. Joseph Bay, Florida (USA). Mar Ecol Prog Ser 639, 37-51.
https://doi.org/10.3354/MEPS13285

Sanmarti, N., Saiz, L., Llagostera, 1., Pérez, M., & Romero, J. (2014). Tolerance responses to simulated

herbivory in the seagrass Cymodocea nodosa. Mar Ecol Prog Ser https://doi.org/10.3354/MEPS11084

Scott, A.L., York, P.H., Duncan, C., Macreadie, P.I., Connolly, R.M., Ellis, M.T., Jarvis, J.C., Jinks, K.I.,
Marsh, H., and Rasheed, M. 2018. The role of herbivory in structuring tropical seagrass ecosystem
service delivery. Front Plant Sci 9:127. https://doi.org/10.3389/fpls.2018.00127

Shaver, E. C., Renzi, J. J., Bucher, M. G., & Silliman, B. R. (2020). Relationships between a common
Caribbean corallivorous snail and protected area status, coral cover, and predator abundance. Sci Rep

10(1), 16463. https://doi.org/10.1038/s41598-020-73556-3

Silliman, B. R., & Zieman, J. C. (2001). Top-down control of Spartina alterniflora production by
periwinkle grazing in a Virginia salt marsh. Ecology 82(10), 2830-2845. https://doi.org/10.1890/0012-
9658(2001)082[2830:TDCOSA]2.0.CO;2

Silliman, B. R., Bertness, M. D. (2002) A trophic cascade regulates salt marsh primary production. Proc
Natl Acad Sci USA 99:10500-10505. https://doi.org/10.1073/pnas.162366599

Silliman, B. R., & Newell, S. Y. (2003). Fungal farming in a snail. Proc Natl Acad Sci USA, 100(26),
15643-15648. https://doi.org/10.1073/pnas.2535227100



666
667
668
669
670
671
672
673
674
675
676
677
678
679
680
681
682
683
684
685
686
687
688
689
690
691
692
693
694
695
696
697
698
699

Smith, C. S., Zhang, Y. S., Hensel, M. J. S., Pennings, S. C., Silliman, B. R. (2024) Long-term data reveal
that grazer density mediates climatic stress in salt marshes. Ecology e4323.

https://doi.org/10.1002/ecy.4323

Smulders, F. O. H., Campbell, J. E., Altieri, A. H., Armitage, A. R., Bakker, E. S., Barry, S. C., Becker,
S. T., Bethel, E., Douglass, J. G., van Duijnhoven, H. J., & de Fouw, J. (2024). Temperature drives
seagrass recovery across the Western North Atlantic. bioRxiv. https://doi.org/10.1101/2024.07.31.605761

Taylor, W. E., & Bardner, R. (1968). Effects of feeding by larvae of Phaedon cochleariae (F.) and Plutella
maculipennis (Curt.) on the yield of radish and turnip plants. Ann Appl Biol 62(2), 249-254.
https://doi.org/10.1111/j.1744-7348.1968.tb02823 x

Valentine, J. F., Heck, K. L., Jr., J. B., & Webb, D. (1997). Experimental evidence that herbivory
increases shoot density and productivity in a subtropical turtlegrass (Thalassia testudinum) meadow.

Oecologia 112(2), 193-200. https://doi.org/10.1007/S004420050300

Valentine, J. F., Heck, K. L., Kirsch, K. D., Webb, D .(2000) Role of sea urchin Lytechinus variegatus
grazing in regulating subtropical turtlegrass Thalassia testudinum meadows in the Florida Keys (USA).

Mar Ecol Prog Ser 200:213-228. https://doi.org/10.3354/meps200213

Valentine, J. F., & Duffy, J. E. (2007). The central role of grazing in seagrass ecology. In: Larkum AWD,
Orth RJ, Duarte CM (eds) Seagrasses: biology, ecology and conservation. Springer, Dordrecht, pp 463—
501. https://doi.org/10.1007/978-1-4020-2983-7 20

Valentine, J. F., & Heck, K. L. (2021). Herbivory in seagrass meadows: an evolving paradigm. Estuaries
Coasts 44(2), 491-505. https://doi.org/10.1007/S12237-020-00849-3

Wang, D., Du, J., Zhang, B., Ba, L., & Hodgkinson, K. C. (2017). Grazing intensity and phenotypic
plasticity in the clonal grass Leymus chinensis. Rangel Ecol Manag

https://doi.org/10.1016/J. RAMA.2017.06.011

Zieman, J. C. (1975). Seasonal variation of turtle grass, Thalassia testudinum Kdnig, with reference to

temperature and salinity effects. Aquat Bot 1, 107—123. https://doi.org/10.1016/0304-3770(75)90016-9



700
701
702
703
704
705

Zieman, J. C., Iverson, R. L., & Ogden, J. C. (1984). Herbivory effects on Thalassia testudinum leaf
growth and nitrogen content. Mar Ecol Prog Ser 15, 151-158. https://doi.org/10.3354/meps015151

Zimmerman, R.C., Kohrs, D.G., and Alberte, R.S. 1996. Top-down impact through a bottom-up
mechanism: the effect of limpet grazing on growth, productivity and carbon allocation of Zostera marina

L. (eelgrass). Oecologia 107(4):560-567. https://doi.org/10.1007/BF00328988



